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ABSTRACT: In this paper, a series of fluorinated amphiphilic
copolymers composed of 2-perfluorooctylethyl methacrylate
(FMA) and 2-hydroxyethyl methacrylate (HEMA) monomers
were prepared, and their surface properties and antifouling
performance were investigated. Bovine serum albumin (BSA) and
human plasma fibrinogen (HFg) were used as model proteins to
study protein adsorption onto the fluorinated amphiphilic
surfaces. All the fluorinated amphiphilic surfaces exhibit excellent
resistant performance of protein adsorption measured by X-ray
photoelectron spectroscopy (XPS). The surface compositional
heterogeneities on the molecular scale play an important role in
the antifouling properties. It was found that the copolymers
exhibited better antifouling properties than the corresponding homopolymers did, when the percentage of hydrophilic hydroxyl
groups is from 4% to 7% and the percentage of hydrophobic fluorinated moieties is from 4% to 14% on the surface. In addition,
the protein molecular size scale and the pattern of microphase segregation domains on the surface strongly affect the protein
adsorption behaviors. These results demonstrate the desirable protein-resistant performance from the fluorinated amphiphilic
copolymers and provide deeper insight of the effect of surface compositional heterogeneity and microphase segregation on the
protein adsorption behaviors.
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■ INTRODUCTION

Protein adsorption at solid surfaces plays a critical role in many
biological phenomena and has aroused a wide range of interest
for researchers. In spite of considerable progress in this area,
there were still widely differing and even contradictive reports
on how to understand such phenomena like protein
aggregation, overshooting adsorption kinetics, and structural
rearrangements.1 Nonspecific adsorption for protein and
associated bioadhesion is one of the most significant limitations
to the end point utility of many infrastructures and devices like
food industries, marine ship hulls, biomedical implants, etc.2−6

The adsorbed quantities and conformations of proteins strongly
depend on the chemical and physical properties of the substrate
surfaces. Therefore, it is necessary to develop antifouling
polymer surfaces with optimum surface structures for the
purpose of preventing unwanted accumulation of bioadhesion
and protein adsorption at surfaces and interfaces.
There have been considerable studies on designing and

fabricating antibiofouling materials when contacted with
physiological or biological fluids. In general, the increase in
hydrophilicity always benefits to enhance fouling resistance

since many foultants (like proteins) are hydrophobic in
nature.7,8 Hydrophilic materials9−14 like oligo(ethylene glycol)
(OEG) or poly(ethylene glycol)(PEG) possess a low water/
material interfacial energy and mainly acquire surface hydration
via hydrogen bonds, while zwitterionic materials like poly-
(carboxybetaine methacrylate) and poly(sulfobetaine metha-
crylate) achieve surface hydration via ionic-induction in which
the water molecules are bound even more strongly.
Fluoropolymers have also been investigated as antifouling
coatings in that their low surface energies can significantly
reduce the polar and hydrogen bonding interactions with the
fouling organisms or cause the feasible release of the fouling
organisms from the coating surfaces.15−18 For example,
Kawakami reported that fluorinated polyimide can suppress
protein adsorption for its high surface hydrophobicity and low
surface free energy.19,20 In addition, we found that the well
ordered and perpendicularly oriented structure of the
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perfluoroalkyl groups on the support surface was correlated
with excellent antifouling property of fluorinated poly(methyl
methacrylate) copolymers.18 In brief, the antifouling perform-
ances strongly depend on the physicochemical properties of the
support surfaces (such as, surface chemistry, surface morphol-
ogy, and surface charge).
Amphiphilic polymers with their dual nature can resist

biofouling by providing the surface with a morphological,
topological, and compositional complexity, which either
reduces adhesion of the motile microorganism or makes
energetically unfavorable the hydrophilic or the hydrophobic
interactions between the supports with organism’s adhe-
sives.21,22 It was found that the coatings obtained from
fluorocarbon and saturated PEG copolymers exhibited better
repellence of protein adsorption than the hydrophobic
fluorocarbon coatings.6,23 It was reported that the surface
tethered with hyperbranched polymers containing both
PEGylated and fluorinated groups exhibited low protein
adsorption and high fouling-release properties when the
composition of hydrophobic and hydrophilic monomers was
at an optimal ratio.24,25 The comblike amphiphilic block
copolymer poly(ethoxylated fluoroalkyl acrylate)−polystyrene
with ethoxylated fluoroalkyl side chains showed very high
removal of both Ulva sporelings and diatom Navicula.26,27 Feng
et al. and Joshi et al. took a similar strategy to prepare
antifouling surfaces by using polyurethane−polyol and
perfluoroether−PEG amphiphilic copolymers.28−30 Following
researchers had then built on this strategy of constructing
amphiphilic surfaces for controlling biofouling and demon-
strated the broad applicability of this strategy.31−37 These
systems clearly indicated that nanostructured, amphiphilic
surfaces with mixed hydrophilic and fluorinated properties
performed better than the corresponding hydrophilic and
fluorinated polymer surfaces.37

It has been speculated that the nonfouling or fouling-release
characteristics of these amphiphilic materials arises from
nanoscale variations in the surface chemistry, topography, and
mechanical properties.7,32,38 The concept of “ambiguous”
surfaces where the phase-segregation occurs to produce to
mosaics of hydrophilic and hydrophobic domains has been
developed based on the above statement. It is believed that
these ambiguous surfaces with compositional heterogeneities
on the foulant-length scale may make thermodynamically
unfavorable interactions between the surface and the foulant,
which then might limit adsorption events.35,39 Since adsorbed

proteins as a class of important foulant can subsequently arouse
adhesion of cells or microorganisms onto the surface, so the
surface that reduces the adhesion of protein could potentially
resist other foulants.39,40 The surfaces with compositional
heterogeneities over molecular-length scales were designed to
enhance the repellence to protein adsorption.39 The thin films
of random copolymers composed of highly hydrophobic and
highly hydrophilic monomers were prepared by photoinitiated
chemical vapor deposition (piCVD), which could obviously
disrupt surface−protein interactions and therefore strengthen
repellence to the protein adsorption.40 Chen41 reported that
amphiphilic homopolymers with incompatible hydrophobic and
hydrophilic functionalities on the special molecular-scale
alternation could obviously reduce protein adsorption.
However, some investigations revealed that amphiphilic
copolymer surfaces did not always own molecular-scale
compositional heterogeneities or exhibit improvement of
protein-resistant performance.38

Inspired by these successful strategies against protein
adsorption, we made effort to fabricate compositional
heterogeneities on the molecular scale for resisting proteins
adsorption. The polymer films at the molecular-level
heterogeneities in surface composition can be achieved via
amphiphilic random copolymers composed of hydrophobic and
hydrophilic monomers. However, it is difficult to obtain the
copolymers by polymerization of hydrophilic and hydrophobic
monomers due to their immiscibility and different reactivity
ratio.42−44 It was reported that fluorinated acrylates with
hydrophilic acrylates could be copolymerized, but the thin film
surfaces prepared by a solution cast method were extremely
rough and nonuniform.45,46 Although smooth, thin polymer
films could be obtained by utilizing piCVD, the hydroxyl
groups of hydroxyethylmethacrylate (HEMA) inevitably got
cross-linked under an UV light so as to weaken hydrophilic
properties to some degree.39

In this study, the smooth, thin copolymer films with
compositional heterogeneity on the individual monomer
molecular size scale were prepared by using fluorinated
amphiphilic copolymers composed of hydrophilic 2-hydrox-
yethyl methacrylate (HEMA) and hydrophobic 2-perfluor-
ooctylethyl methacrylate (FMA). Copolymers P(HEMA-r-
FMA) were synthesized by deprotection after the random
free radical copolymerization of FMA and HEMA in the
protected form of trimethylsilanes (TMS) for avoiding the
cross-linked reaction of −OH groups from HEMA during

Scheme 1. Synthesis Route of PHEMA-r-PFMA Copolymers
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polymerization (as shown in Scheme 1).47 By varying the
monomer ratio of HEMA to FMA, copolymers with a wide
range of composition could be acquired. The amphiphilic
random copolymer films were made by spin-coating and
characterized by atomic force microscopy (AFM) and X-ray
photoelectron spectroscopy (XPS). The protein-resistant
properties of fluorinated amphiphilic copolymer films were
then evaluated with bovine serum albumin (BSA) and human
plasma fibrinogen (HFg) as model proteins.

■ EXPERIMENTAL SECTION
Materials. 2-Perfluorooctylethyl methacrylate (FMA) (Sigma-

Aldrich) was purified by washing with sodium hydroxide solution,
dried through calcium hydride (CaH2), and vacuum-distilled before
use. Trimethyl chlorosilane (TMS-Cl) was purchased from Sigma-
Aldrich and used as received. Triethylamine (TEA, Gaojing fine
chemical Co., Hangzhou China) was distilled from CaH2. Benzoyl
peroxide (BPO) was recrystallized from methanol. Prior to use,
toluene was dried by refluxing in the presence of sodium. According to
the report,48 2-hydroxyethyl methacrylate (HEMA) was purified by
washing an aqueous solution (25 vol %) of HEMA with n-hexane,
salted from the aqueous phase by addition of sodium chloride, dried
through magnesium sulfate, and then vacuum distilled. Human plasma
fibrinogen (HFg) and bovine serum albumin (BSA) were purchased
from Shanghai Jianglai Co., Shanghai, China. Poly(methyl meth-
acrylate) (PMMA) (Mw = 100 000) was acquired from Polymer
Source Corp. The other solvents and chemicals were used as received.
Fluorinated amphiphilic random copolymers were synthesized with

a three-step method as shown in Scheme 1. At first, the hydroxyl in
HEMA monomer was protected to form a hydrophobic monomer
(HEMA-TMS); then, P(HEMA-TMS)-r-PFMA copolymers were
prepared via radical copolymerization initiated by BPO; finally,
fluorinated amphiphilic random copolymers (PHEMA-r-PFMA)
were synthesized by the hydrolysis reaction of the P(HEMA-TMS)-
r-PFMA copolymers.
Synthesis of 2-(Triethylsiloxy)ethyl Methacrylate (HEMA-

TMS). HEMA-TMS was prepared according to the literature.49 A dry 1
L round-bottom flask with a mechanical stirring rod was vacuumized
and charged with dry nitrogen three times, then cooled to 0 °C. An 80
mL (0.6 mol) portion of purified HEMA, 85 mL (0.6 mol) TEA, and
500 mL ethyl ether were added, respectively. Then, 78 mL (0.6 mol)
TMS-Cl was added within 30 min. The reaction mixture was
sequentially stirred at 0 °C for 2 h. After reaction, the mixture was
filtered for removing the solid precipitate. The solid was washed with
ethyl ether two times, filtrated, and washed with 100 mL deonized
water three times. The oil layer separated was dried over MgSO4 and
distilled to remove ethyl ether. The protected monomer was distilled
under vacuum (50 °C, 0.06 Torr). Yield: 70%. 1H NMR (CDCl3, δ in
ppm): 0 (s, 9H, −Si(CH3)3), 2.0 (s, 3H, CH2C(CH3)COO−), 3.9
(t, 2H, −CH2CH2O−Si(CH3)3), 4.3 (m, 2H, −CH2CH2O−Si-
(CH3)3), 5.6, 6.1 (m, 2H, CH2C(CH3)COO−).

49

Synthesis of P(HEMA-TMS)-r-PFMA Random Copolymers.
The molar ratios of 2-(triethylsiloxy)ethyl methacrylate to fluorinated
monomer (FMA) are 97:3, 94:6, 91:9, 88:12, 85:15, and 70:30 in the
reaction mixtures during radical copolymerization, respectively. The
following are typical reaction conditions. In a dry 100 mL Florence
flask, 10 mL (50 mmol) HEMA-TMS, 1.1 mL (3 mmol) FMA, and 30
mL toluene were added one by one, after nitrogen was purged into the
flask to remove the air atmosphere, the initiator BPO was added
subsequently. The mixture was kept at 70 °C for one day with stirring.
Afterward, the polymer solution was concentrated and diluted with
tetrahydrofuran (THF). Water was injected into the solution for
precipitation, and the resulting product P(HEMA-TMS)-r-PFMA was
obtained and dried in vacuo at 25 °C.
Preparation of PHEMA-r-PFMA Fluorinated Amphiphilic

Random Copolymers. Fluorinated amphiphilic random copolymers
were prepared by hydrolysizing P(HEMA-TMS)-r-PFMA with
tetrabutylammonium fluoride (TBAF). The procedure was as follows:
5g P(HEMA-TMS)-r-PFMA was dissolved in 30 mL tetrahydrofuran,

then transferred into a 100 mL Florence flask containing a magnetic
stir bar. TBAF/THF (w/v = 1/1) was slowly introduced into the
solution in the flask. The reaction then ran at 25 °C with continuous
stirring for 5 h. The mixture was precipitated into deionized water.50

The precipitate was washed with deionized water and dried in vacuo at
25 °C. The molar content of PFMA in the resulting PHEMA-r-PFMA
copolymers are 2.45%, 4.90%, 7.56%, 10.07%, 13.70%, and 26.73%
according to the calculation of the fluorine element analysis results,
respectively (as shown in Table 1). The monomer ratios in reaction
mixtures are good correlations with the monomer composition in
copolymers.

Film Formation. The glass slides (10 mm × 10 mm) used as
substrates were cleaned by immersion a piranha solution (1:3 v/v 30%
aq H2O2/conc H2SO4) for 30 min, rinsed well with deionized water,
and dried. All polymers were dissolved in N,N-dimethylformamide
(DMF) to make the concentration of 2 wt %, then the solution was
filtered using a porous filter (0.45 μm aperture diameter). Polymer
films were obtained by spin-coating the polymer solution onto the
clean glass slides at 2500 r/min for 30 s and then drying in vacuo at 40
°C for 72 h to remove the residual solvent. The PHEMA film was
prepared according to the literature.51,52 Soluble poly(HEMA)
(Sigma-Aldrich, Mv 20 000) was spin-coated from solution onto the
glass slides which previously coated with an ethyl methacrylate /(γ-
methacryloxypropyl)trimethoxysilane copolymer (2.5% EMA-silane in
ethyl acetate) as a coupling agent. PHEMA solution (2 wt %) with
DMF as solvent was spin-coated at 2500 r/min for 30 s on the EMA-
silane treated glass and then dried in vacuo at 40 °C for 72 h.

Characterization. 1H NMR spectra were recorded with a Bruker
Avance AMX-400 NMR spectrometer in deuterated dimethyl sulfoxide
(DMSO-d6) or deuterated chloroform (CDCl3) with tetramethylsilane
(TMS) as the internal standard. The FTIR spectra of the polymer
films on KBr plates cast from solutions were collected using a Nicolet
Avatar 370 Fourier transform infrared (FTIR) spectrometer. The
molecular weights and molecular weight distributions (MWDs) of
copolymers were measured on a Waters 1515 gel permeation
chromatography (GPC) apparatus (with THF as eluent at a flow
rate of 0.8 mL/min at 35 °C). The instrument was calibrated with
polystyrene (PS) standards. The composition of copolymers was
determined by 1H NMR and fluorine elemental analysis (F-EA).
Fluorine analyses were carried out by flask combustion and then
followed by ion chromatography on an Elementar vario EL III
instrument.53

Water contact angles (θ) were measured using a contact angle
goniometer (DSA-10, Krüss, Hamburg, Germany) at room temper-
ature and ambient humidity. The contact angles (θ) given are the
averages of at least eight separate measurements on different areas of
polymer surfaces. The contact angles of diiodomethane on polymer
films were detected, and then the surface free energy of various
samples was estimated according to the theory of Owens and Wendt.54

X-ray photoelectron spectroscopy (XPS) measurements were
carried out on a PHI5000C ESCA system with an Mg Ka X-ray

Table 1. Characteristics of PHEMA-r-PFMA and P(HEMA-
TMS)-r-PFMA Copolymers

P(HEMA-TMS)-r-
PFMA PHEMA-r-PFMA

sample Mn
1 × 10−4 a

Mw/
Mn

a Mn
2 × 10−4 b

WF
(%)c

FMA
(mol %)d

F1 4.81 1.96 3.20 5.65 2.45
F2 4.99 1.70 3.43 10.59 4.90
F3 5.15 1.97 3.64 15.23 7.56
F4 4.93 1.99 3.57 19.05 10.07
F5 4.84 1.91 3.62 23.91 13.70
F6 4.56 2.10 3.73 36.36 26.73

aDetermined by GPC. bCalculated from GPC and PHEMA-r-PFMA.
cObtained from EA. dCalculated from PHEMA-r-PFMA.

ACS Applied Materials & Interfaces Research Article

dx.doi.org/10.1021/am401568b | ACS Appl. Mater. Interfaces 2013, 5, 7808−78187810



source at a power of 250 W (140 kV) under a vacuum of 1.0 × 10−8

Torr with a takeoff angle of 54°. Three different sites on per sample
were measured, each measurement included a survey with three
sweeps, and a high-resolution measurement for N1s consists of eight
sweeps. The C1s peak of the C−C bond at 284.6 eV was used as the
reference for binding energy calibration of all spectra.18

Tapping-mode AFM measurements were performed using a
scanning probe microscopy (Veeco Dimension 5000 with Nanoscope
V controller, Digital Instruments, Inc.). Silicon AFM tips with a tip
radius of 10 nm (NSC 15/AIBS, MikroMasch, Estonia) were used.
The polymer surface coated on a 10 mm ×10 mm glass wafer was
scanned at 1.5 Hz. All images were post-treated with Nanoscope
5.31r1 software.
Protein Adsorption Measurement. BSA and HFg were used as

model proteins to evaluate the protein-resistant performance of the
polymeric films. The protein adsorption experiments were performed
according to the literature.18,41 The polymer films (on glass slides)
were immersed in deionized water for 30 min, and then, the samples
were transferred into vials containing 0.1 mg/mL protein (BSA or
HFg) in PBS buffer solution (∼pH 7.4) and incubated at room
temperature for 2 h. The samples were removed from the vials and
rinsed with PBS buffer solution and deionized water three times,
respectively, to remove any unbound or loosely bound proteins. After
that, the samples were dried by nitrogen. Protein adsorbed on the
samples were measured by XPS and calculated by integration of the
peak area of the N1s peak from the corresponding XPS spectra.18

■ RESULTS AND DISCUSSION

Fluorinated Amphiphilic Copolymers Synthesis and
Characterization. In order to avoid the cross-linking reaction
of −OH in PHEMA during copolymerization and obtain
various compositional heterogeneous copolymers, the amphi-
philic copolymers poly(hydroxyethylmethacrylate)-r-poly(2-
perfluorooctyl methacrylate)s (PHEMA-r-PFMA) were synthe-
sized as illustrated in Scheme 1. At first, the hydrophobic
monomer 2-(trimethylsiloxy)ethyl methacrylate (HEMA-TMS)
was synthesized by protecting the hydroxyl group of HEMA
with a trimethylsilyl group (TMS-Cl). The less polar HEMA-
TMS with the similar solubility in common solvent compare to
FMA can be copolymerized with FMA readily using a common
condition by free radical polymerization.49 Then fluorinated
amphiphilic copolymer PHEMA-r-PFMA was synthesized by
the hydrolysis reaction of the P(HEMA-TMS)-r-PFMA
copolymer. Due to the intrinsic association55,56 of the FMA
units, it is difficult to characterize the fluorinated monomer
content in copolymers by 1H NMR. Thus the fluorinated
monomer content was determined by elemental analysis.57 The
molar content of fluorinated monomer (FMA mol %) in
PHEMA-r-PFMA was calculated according the following eq 1-
1:

=
× + −

M W
M W M W

FMA (mol %)
%

19 17 % %
HEMA F

HEMA F FMA F
(1-1)

Where WF is the content of fluorine element, MHEMA and MFMA
are the molecular weight of 2-hydroxyethyl methacrylate and 2-
perfluorooctyl methacrylate, respectively. The molecular weight
and polydispersity of P(HEMA-TMS)-r-PFMA can be
determined by GPC. Because the fluorinated amphiphilic
copolymers PHEMA-r-PFMA are indissoluble in THF, it is
hard to determine the molecular weight directly by GPC
measurement. With a view to complete hydrolyzation of the
protected form of trimethylsilanes (TMS) in PHEMA, the
molecular weight of PHEMA-r-PFMA can be obtained

according to the molecular composition and content of FMA
in P(HEMA-TMS)-r-PFMA with the following equation 1-2:

= ×

− −
− +

‐ ‐ ‐ ‐ ‐

‐

⎡
⎣⎢

⎤
⎦⎥

M M

M M
1

72(1 FMA mol %)
(1 FMA mol %) FMA mol %

r rPHEMA PFMA P(HEMA TMS ) PFMA

HEMA TMS FMA

(1-2)

MHEMA‑TMS, MP(HEMA‑TMS)‑r‑PFMA, and MPHEMA‑r‑PFMA represent
the molecular weight of HEMA-TMS, P(HEMA-TMS)-r-
PFMA, and PHEMA-r-PFMA, respectively. Table 1 show all
the copolymers used in this study. Every sample with different
fluorine content is named F1−F6 for short, and F0 in this study
represents PHEMA homopolymer. All the samples have the
similar molecular weight.
The fluorinated amphiphilic copolymers synthesized using

the above methods were characterized by FTIR. The FTIR
spectra of P(HEMA-TMS)-r-PFMA and PHEMA-r-PFMA are
shown Figure 1. The absorbance for C−F stretching vibration

bands around 1200−1270 cm−1 overlaps with the C−O
stretching vibration band around 1270−990 cm−1. Two
medium bands which resulted from a combination of rocking
and wagging vibrations of CF2 groups are at 660 and 708 cm−1,
respectively.57−59 The absorbance at 840 cm−1 for Si−CH3
stretching vibration band and at 1104 cm−1 for Si−O stretching
vibration band disappear after hydrolysis, and a broad hydroxyl
peak around 3500 cm−1 (not show) can be observed in
PHEMA-r-PFMA.39

When the fluorinated monomer contents are higher, the
structures of fluorinated random copolymers can be charac-
terized by 1H NMR. The 1H NMR spectra of PHEMA-r-PFMA
and P(HEMA-TMS)-r-PFMA are shown in Figure S1
(Supporting Information). Both PHEMA-r-PFMA and P-
(HEMA-TMS)-r-PFMA show two methylene proton peaks at
3.9 (−CH2CH2OH) and 3.6 ppm (−CH2CH2OH), and a small
peak observed at around 4.23 ppm is attributed to the protons
of −OCH2CH2(CF2)7CF3 in the FMA unit.59,60 When the
integral area of hydroxyl peak at 4.8 ppm (−CH2OH) is 1/2
that of peak at 3.9 ppm (−CH2CH2OH) and the peak of
Si(CH3)3 units at 0 ppm is absent, which indicates the
complete removal of TMS group resulting in pure PHEMA-r-
PFMA.61 These results indicate that amphiphilic random

Figure 1. FTIR spectra of PHEMA-r-PFMA (a) and P(HEMA-TMS)-
r-PFMA (b) copolymers: 7.5 mol % FMA in copolymer.
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copolymers PHEMA-r-PFMA with various content of PFMA
(listed in Table 1) were synthesized successfully.
Surface Structure of the Fluorinated Amphiphilic

Copolymer Films. The static water contact angles on the
PHEMA-r-PFMA films with different FMA content in
copolymers and the corresponding surface free energies are
illustrated in Figure 2. The water contact angle of PHEMA

homopolymer is about 50° as same the report.39 With
increasing of hydrophobic content, the contact angle of
copolymer increases rapidly and reached 112° at 26.7 mol %
FMA close to the value for PFMA homopolymer.62

Simultaneously, the surface free energies of PHEMA-r-PFMA
films as a function of composition are depicted in Figure 2. The
surface free energies of random copolymer PHEMA-r-PFMA
film surface decrease from 56.2 to 11.4 mN/m with increasing
of incorporation of FMA in copolymer. HEMA with a pendant
hydroxyl group is hydrophilic, while FMA containing the
fluorinated alkyl side chain is highly hydrophobic and its surface
energy is lower than poly(tetrafluoroethylene) (PTFE).39,62 It
is generally accepted that the chemical structures and physical
roughness of polymer film surfaces determine the wetting
behaviors of polymer surfaces.63 Tapping model atom force
microscopy (AFM) was used to examine the surface roughness
of those polymer films. All the films have a very smooth and flat
surface, with RMS roughness values of all films less than 3 nm.
This indicates that the effect of physical roughness can be
negligible.57,63 It means that various surface structures of
fluorinated amphiphilic polymer films were obtained through
varying the composition of random copolymers.
It was shown that fluorine moieties which occurred in the

topmost layer of the surface within 1−2 nm determine the
surface free energy of polymer films.18,59 Although the films
prepared by spin-coating are only about 80 nm thick, the film’s
bulk composition can not reflect film’s surface chemical
composition. The hydrophobic fluorinated species of FMA
will preferentially occupy the films outermost surface, while the
hydrophilic hydroxyl group of HEMA will be likely to orient
inward, in air or vacuum conditions.39 It is necessary to provide
direct evidence of the surface segregation of perfluorinated and
oxygen-containing polar groups for interpreting the wettability
change of these copolymer surfaces.
The surface composition of amphiphilic copolymers was

probed via XPS measurements. Figure 3 shows the XPS spectra

of the PHEMA-r-PFMA films prepared by spin-coating. The F1s
peak occurs at about 689 eV. The peak at 531 eV is attributed
to O1s. Meanwhile the C1s peak occurs at 285 eV.

57,64 It can be
seen that the content of fluorine moieties on the copolymer
surface increase with increasing content of FMA in bulk. The
oxygen and fluorine enrichment, i.e., the oxygen to carbon
atomic ratios (O/C) and the fluorine to carbon atomic ratios
(F/C) at the outermost film surface measured by XPS are given
in Table 2. The XPS C1s high resolution spectra were recorded
for further investigating the composition of functional groups
on the film surfaces.
Figure 4 shows high resolution C1s XPS scans of amphiphilic

copolymers PHEMA-r-PFMA with different fluorinated con-
tent at a takeoff angle of 54°. The various carbon-based
functional groups are attributed to the corresponding discrete
peaks, and the composition ratios (listed in Table 2) are
calculated from corresponding peak areas of the carbon
components. The C1s XPS spectra were resolved into six
Gauss fitted peaks: the strong intensity peak CC around
284.6 eV, indicative of the copolymer backbone, peaks near 294
and 292 eV representing CF3 and CF2 respectively, 
CO (288.4 eV) and COCO (287.6 eV) with the same
integral area, and 286.2 eV associated with CO present
attributing to the hydroxyl ethyl group which also is taken for
hydrophilic hydroxyl group moieties. These peak assignments
agree well with previously reported values.65 As shown in
Figure S2 (Supporting Information), it is obvious that the
content of fluorinated species (CF2 group) on the surface and
in bulk increase with the increasing content of PFMA in the
copolymer. In addition, the fluorinated species (CF2 group)
content on the film surface is higher compare to that in bulk.
These also indicate that the change of wettability of fluorinated
amphiphilic copolymer PHEMA-r-PFMA is stemmed from the
surface composition alteration.
The surface phase images of the amphiphilic copolymers

were investigated with AFM. Because of incompatibility and the
obvious difference in the surface energy between the non-
fluorinated species and fluorinated components, the fluorinated
components can readily enrich at the surface and result in the
obvious phase-segregated domains on the surface even when
the fluorine moieties are very low in the copolymer.66,67 The
film surfaces in phase mode are shown in Figure 5, which
distinguishes between hard and soft materials in the nanoscale.
Compared to PHEMA (F0, image A), PFMA performs a hard
feature and shows a bright domain. The area of the bright

Figure 2. Static water contact angles and surface free energies as a
function of amphiphilic copolymers.

Figure 3. XPS spectra of the PHEMA-r-PFMA films recorded at a
takeoff angle of 54°.
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domains becomes large with the increase of FMA content on
the compositional heterogeneous surfaces. It is obvious that F3
shows an alternating pattern of hydrophilic and fluorinated
moieties on the surface, and the interval size is 30−50 nm,
which is near the size scale of common proteins. Increasing or

decreasing, the content of FMA units will lead to a single
dominant factor; therefore, F1 and F5 surfaces exhibit either a
large area of hydrophilic domains or more bright phase
domains representing the fluorinated moieties. All these AFM
results are in accord with XPS and contact angle measurements.
These samples with different surface composition and micro-
phase segregation were subsequently used to study the
correlation between repellence of protein adsorption and the
copolymer surface structures.

Protein Adsorption on Fluorinated Amphiphilic
Polymer Surfaces. It is always not easy to quantitatively
measure protein adsorption on a surface. Conventional
methods such as surface plasmon resonance (SPR)68,69 and
quartz crystal microbalance (QCM)70,71 have their own
assumptions upon which its response to the quantity of
proteins adsorbed on the prepared coating samples needs to
satisfy special requirements. XPS is one simple and effective
method to characterize protein adsorption.41,65,72,73 Wagner et
al.74 analyzed the protein adsorption on hydrogel polymers
with XPS and found that there was a detection limit of 10 ng/
cm2. Because the polymers do not contain nitrogen atoms, XPS
could be easily used to measure adsorbed protein on the
surfaces, based on the measurement of 400 eV peak for N1s

Table 2. Surface Element and Composition of PHEMA-r-PFMA Copolymer Films

element ratio surface composition (%)

sample F1s/C1s O1s/C1s CF3 CF2 CO COCO CO CC/CH

F0 0.43 10.8 10.8 8.0 70.4
F1 0.15 0.41 0.1 3.8 8.6 8.6 6.8 72.1
F2 0.26 0.40 0.2 6.4 7.5 7.5 5.6 72.8
F3 0.30 0.35 0.4 8.5 7.4 7.4 5.0 71.3
F4 0.35 0.31 0.8 13.3 6.4 6.4 4.1 69.0
F5 0.41 0.27 1.3 16.5 5.5 5.5 3.4 67.8
F6 0.51 0.19 3.1 25.3 4.9 4.9 1.8 60.0

Figure 4. XPS C1s core level spectra of PHEMA-r-PFMA with
different FMA mol % (F1−F6).

Figure 5. AFM tapping phase images (1.0 μm × 1.0 μm) of PHEMA-r-PFMA films. (A−D) F0, F1, F3, and F5 sample surfaces, respectively.
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which could be only from protein.18 The adsorption behavior
of BSA and HFg was studied. The relative intensities of N1s
XPS peaks of polymer surfaces are given in Figure S3
(Supporting Information). It is clear that both the hydrophilic
homopolymer PHEMA (F0) and the amphiphilic copolymers
adsorb less amounts compared with the PMMA homopolymer.
With poly(methyl methacrylate) (PMMA) as a control

surface, the adsorption intensity of the surface is regarded as
100%, and other polymer surfaces can be compared with this
material.41 The results are given in Figure 6. It is obvious that

all the amphiphilic copolymers exhibit better protein-resistant
performance than PMMA. Even for F6 which adsorbs the
maximum value of protein compared with other samples, and
the value of adsorbed BSA and HFg are 18.4% and 28.6% of
that on the PMMA surface, respectively, which indicates
PHEMA-r-PFMA copolymer surfaces have good antifouling
property. It is gratifying for us to see that the amphiphilic
sample F3 appears with protein adsorption of only 5%, which is
a minimal amount, almost negligible, compared to the common
polymer surface. What’s more, the F1 surface absorbs only 4.7%
HFg. These results show that the existence of the amphiphilic
functionalities could reduce protein adsorption. In addition, it is
observed that the fluorinated amphiphilic copolymer surfaces
exhibit excellent protein resistance greater than the hydrophilic
PHEMA surface when fluorinated monomer content is less
than 26.3 mol % in the bulk for BSA as a model protein. For
HFg adsorption experiments, copolymer surfaces exhibit
excellent protein repellence compared to the PHEMA
hompolymer surface when FMA content is less than 10.0
mol % in bulk.
PHEMA is a typical antifouling material due to its excellent

hydrophilic properties, a water barrier, repelling protein close to
the polymer surface.11,14 In addition, proteins are known to
easily adsorb on the hydrophobic surfaces due to the
hydrophobic interaction, and this is always detected on the
pure hydrophobic surface.39 Can the increase of hydrophobic
content on the support surface actually increase the amount of
adsorbed protein on the surface? It is obvious that the
hydrophily or hydrophobicity is not the crucial factor for
fluorinated amphiphilic copolymer surfaces against the protein
adsorption. In fact, bioadhesion is very complex, since many
factors such as surface chemistry, surface morphology, and
surface charge play important roles.6 In the early seventies,
Baier reported that a critical surface energy in the range of 20−

30 mN/m imparted the prevention of marine fouling and
resistance of cell adhesion for medical implants in contact with
blood.75,76,27 The experiments of bacteria adhesion were also in
accord with the “Baier curve”.77 Bhatt6 proved that surface
energy played an important role; as the amphiphilic PFDA-co-
DEGVE coatings surface, with surface free energy lying in the
range defined by the Baier curve, presented excellent protein
repellence. The effect of surface free energy on relative amount
of adsorbed protein on the copolymer surfaces is shown in
Figure 7.

With the increase of F1s/C1s ratio and decrease of O1s/C1s
ratio on the copolymer surfaces, the corresponding surface free
energy decrease. For the fluorinated amphiphilic copolymer,
the amount of adsorbed protein does not follow the tendency
of the increase or decrease of F/C ratios or O/C ratios or
fluorinated species content on the surface (in Table 2 and
Figure S2), which signifies a low-attachment surface or a “water
barrier” surface, respectively. When the surface free energy is
22.9 mN/m, which is in the surface free energy window where
adhesion is minimal, the relative amount of adsorbed BSA is the
lowest and even less than that on the PHEMA. However, the
N1s% value on the surface whose surface free energy is 32.3
mN/m is the minimum for HFg adsorption. Simultaneously,
the surface free energy of PMMA is 40.2 mN/m, but the N1s%
values of on PMMA surface after BSA and HFg adsorption are
9.9% and 12.0%, respectively. Amphiphilc copolymer with
surface free energy lying in the range of Baier curve could
exhibit excellent repellence of protein adsorption than common
polymer with similar surface free energy.
Except for the surface free energy of the copolymers, the

surface composition of hydrophobic fluorinated groups and
hydrophilic hydroxyl groups may determine the competitive
adsorption restrained proteins to approach or adhere. Gleason
believed that the smooth surface with compositional hetero-
geneities on molecular-size scale could obviously disrupt
protein adsorption on fluorinated amphiphilic random
copolymer films deposited by use of photoinitiated chemical
vapor deposition (piCVD).39 Thünemann reported that a
combination SAMs of CF3 and OH groups seriously affected
the conformation stabilization of adsorbed HSA compared to
SAMs made only of the OH or CF3 thiol.

78 The hydrophobic
fluorinated groups are composed of one CF3 headgroup and

Figure 6. Relative amount of adsorbed protein on various surfaces.
PMMA was set to 100% as a reference.

Figure 7. Plot of the atom percent of N1s versus surface free energy for
PHEMA-r-PFMA copolymer surfaces.
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seven CF2 groups while the hydrophilic groups represent the
hydroxyl ethyl groups. These group compositions are listed in
Table 2. The effect the surface group composition on relative
amount of adsorbed proteins is shown in Figure 8. It could be

found that neither the fluorinated group content nor the
hydrophilic hydroxyl group content dominates the surface
protein-resistant performance individually. That is to say, the
surface wettability of these copolymers films is not the crucial
effecting factor for protein adsorption behavior. Interestingly,
when the fluorinated group content is around 9%, and the
hydroxyl group content is around 5% on the surface, BSA
adsorbed achieved the lowest; HFg adsorbed the lowest when
the fluorinated group content is around 4% and the hydroxyl
group content is about 7%. In other words, the minimum
amount of adsorbed protein appears in a certain proportion of
the surface group’s composition. As a result, there should be an
appropriate range in the two-dimensional region which is least
favorable for protein adsorption, from 4% to 7% hydrophilic
hydroxyl groups’ content as well as from 4% to 14%
hydrophobic fluorinated moieties content than any correspond-
ing homopolymers.
Interestingly, the surface groups’ composition of the

copolymer adsorbed minimum BSA is different from that
adsorbed minimum HFg. The resistant adsorption ability for
various proteins may relate with other factors beside surface
chemical composition. Protein has both hydrophilic and
hydrophobic segments, so proteins can adjust their con-
formation and orientation according to the adsorbing surface.6

Although several reports24,39 described the importance of the
amphipathy and “ambiguous surface” for the fluorinated
copolymer, it is still an ambiguous understanding of the
protein adsorption behavior on amphiphilic fluorinated surface.
In view of the polymer structure and protein size featured in
our study, this enhancement of protein-resistance should stem
from surface phase segregation and the molecular size scale
pattern of the incompatible functionalities. The hydrophobic
FMA units irregularly distribute in the macromolecule chain of
the copolymers, forming a molecular-scale pattern with two
different groups alternately arranged. When proteins approach
the polymer surface, the hydrophilic domain in the protein will
be incompatible with the binding to the hydrophobic part of
the polymer and vice versa. In our experiment, BSA and HFg

are used as the protein models. BSA is soft and globular with
the dimensions of 4 nm × 4 nm × 14 nm,79 the initial areas for
end-on and side-on adsorption would be 56 and 16 nm2,
respectively. While fibrinogen is a large and rod-shaped protein
with the dimensions of 5 nm × 5 nm × 47 nm,79 resulting in
the side-on and end-on adsorption areas of 235 and 25 nm2,
respectively. Maybe that is the reason why surface with similar
compositional heterogeneities exhibit different protein adsorp-
tion behavior.
Hobara observed that the protein (cytochrome c) preferen-

tially adsorbed on the nanometer-scale hydrophobic 3-
mercaptopropionic acid (MPA) domains of the phase-
separated mixed SAMs of MPA and 1-hexadecanethiol on flat
Au surface.80 The metal nanoparticles coated with the mixed
SAMs, where the size of the ordered phase-separated domains
is 5 Å, are extremely effectively in avoiding nonspecific protein
adsorption.81 Muller investigated protein adsorption behaviors
on the surfaces containing hyperbranched fluoropolymers
(HBFPs) cross-linked with PEG. It was found that surface
chemical composition and phase segregation obviously affect
the adsorption of human fibrinogen on these surfaces. As the
content of PEG increased, the size of the phase-segregated
domains of fluorinated moieties became small, fouling by HFg
decreased. The antifouling performance of parent HBFPs on
the surface was inferior to these amphiphilic surfaces.82 In our
experiment, as expected, BSA adsorption on the amphiphilic
surfaces is closely related with that on such molecular-scale
pattern and phase segregation. Similarly, although HFg
adsorbed on the F3 surface is not the lowest as well as BSA,
its adsorption behavior is still affected by the heterogeneous
molecular-scale pattern and phase-segregation, which can be
seen from Figure 9. These results provide further evidence for
our speculation that the molecular-scale heterogeneity and
microphase segregation are essential conditions for the
antifouling performance detected with the fluorinated amphi-
philic copolymers.
Proteins take conformational variation upon adsorbing to a

surface.83,84 The conformation variations are often regarded as
the spreading or relaxation of protein, where protein/solid
surface contact area varies with surface properties.85 Figure 9
shows the BSA and HFg adsorption on different fluorinated
amphiphilic surface. BSA is a globular protein whose
conformation may only be distorted on the interaction with
the surfaces.86 Image A1, B1, C1, D1, E1, and F1 show BSA
adsorption on F1, F2, F3, F4, F5, and F6 surfaces. There can be
seen that it is hardly for BSA to adsorb on F3 surface, while F1
and F5 surface exhibit a small quantity of adsorbed protein.
These results are consistent with XPS measurement. Since the
size of BSA is near the scale with the interval sizes of alternating
microphase segregation domains of hydrophilic and fluorinated
moieties on F3 surface (as shown in Figure 5 image C), it
makes us sure that the molecular scale pattern of the surface
derived from phase segregation is very important for protein
adsorption resistance.
HFg is a rod-shaped protein and has a symmetrical dimeric

structure with two sets of three intertwined polypeptide chains,
which is easily adsorbed on the hydrophobic surface and takes a
flat-topped conformation (the long axis parallel to the surface, a
side-on adsorption area of 235 nm2).79,85 When the surfaces
interacted with HFg, low fluorinated moieties content surface
displays a better property for protein resistance. According to
Figure 5B, HFg could only vertically adsorb (the long axis being
vertical to the surface) on surface hydrophobic domains as the

Figure 8. Plot of BSA/HFg protein adsorption ratio on PHEMA-r-
PFMA films with different surface composition.
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size of the hard fluorinated domains is about 5 nm × 5 nm.
However, it needs a high energy and strong protein−protein
interaction to maintain such a conformation. Hence, it is very
hard for HFg to take a flat-topped conformation on this
hydrophobic domains, resulting in a very low amount of
adsorbed protein. Figure S4 (Supporting Information) shows
the morphology of HFg adsorbed on F3 and F5 surfaces. HFg
can easily adsorb on the hydrophobic surfaces, when the
fluorinated content increase on the surfaces. Therefore the
amount of absorbed HFg increases with the enlargement of the
fluorinated domains, as seen in Figure 9 image A2 to F2
intuitively.
When the hard hydrophobic region is similar to the size of

the HFg molecule, protein can take a flat-topped conformation,
as shown on the F3 surface. With the increase of the fluorinated
component and the enlargement of hydrophobic region,
protein rearrangement further occurs for the enhancement of
the surface concentration of protein and protein−protein
interaction. These conformation changes also could be found
from the AFM images (in Supporting Information Figure S4).
Such a rearrangement could be driven by the increase of the
hydrophobic interaction of HFgs as their long axes become
aligned parallel to each other.86 Perry interpreted that adsorbed
HFgs can reorient and move their long axis perpendicular to
the surface due to the increase of hydrophobic interaction
between adsorbed proteins.86 In addition, it should be noted
that F1 or F3 exhibit more excellent protein-resistant
performance than the PHEMA homopolymer.

According to above results, it is clearly demonstrated that
both the surface composition of hydrophilic and fluorinated
functionalities and protein molecular-scale heterogeneous
pattern on support surface are the crucial factors for antifouling
materials. In addition, we further investigated the resistance of
bacterial adhesion on these fluorinated amphiphilic copolymers
surfaces. The efficiency of the fluorinated amphiphilic surfaces
in decreasing bacterial adhesion can be observed from the SEM
images in Figure S5 (Supporting Information). Figure S5 shows
that all these copolymer surfaces exhibited excellent antifouling
ability for Escherichia coli (E. coli) adhesion. The future work
would focus on testing the effectiveness of these amphiphilic
copolymer films in more realistic situations, i.e proteins in
complex biological fluids or under marine conditions, and we
will report such results in our future publication. These results
suggest that fluorinated amphiphilic surface with the hydro-
philic and the hydrophobic species and heterogeneous patterns
on molecular-size scale are related to the understanding and
controlling of adsorption of proteins.

■ CONCLUSION

Amphiphilic polymers used as antifouling materials have shown
to have promising application. Some concepts and opinions are
developed to demonstrate the importance of amphiphilic
surface structures for preventing biofouling. However, it is
still ambiguous to understand the relationship between the
antifouing performance and the corresponding surface
structure. In this work, a series of noncross-linked amphiphilic
copolymers composed of hydrophilic and hydrophobic
fluorinated monomers were prepared and then the adsorption
behaviors of BSA and HFg on the copolymer surfaces were
investigated. All the fluorinated amphiphilic surfaces exhibit
excellent protein resistance compared to the hydrophobic
PMMA homopolymer. Certain copolymers perform even better
than the corresponding hydrophilic PHEMA.
Our results brought about two major conclusions. First, the

copolymers whose surface energy lies in the range of the Baier
curve present excellent resistance to protein adsorption.
Simultaneously, the surface compositional heterogeneities on
the molecular size scale with special content of hydrophilic and
fluorinated moieties play a significant role in antifouling
properties. When the percentage of hydrophilic hydroxyl
groups is from 4% to 7% and the percentage of hydrophobic
fluorinated moieties is from 4% to 14% on the surface, which is
in this two-dimensional region, the copolymers are more
unfavorable for protein adsorption than corresponding
homopolymers. The second major conclusion is that the
protein molecular size scale and the pattern of microphase
segregation domains on the support surface strongly affect the
adsorption behaviors of proteins. This study has demonstrated
the desirable protein-resistant performance of the fluorinated
amphiphilic copolymers and provides deeper insight of the
effect of amphiphilic surface structures on the protein
adsorption behavior.

■ ASSOCIATED CONTENT

*S Supporting Information
Information concerning the 1H NMR spectra of PHEMA-r-
PFMA and P(HEMA-TMS)-r-PFMA, XPS spectra of N1s from
PHEMA-r-PFMA surfaces after BSA and HFg adsorption, AFM
images of HFg adsorbed on sample F3 and F5 surface, and
SEM images of E. coli adsorbed on fluorinated amphiphilic

Figure 9. AFM tapping height images of F1(A), F2(B), F3(C), F4(D),
F5(E), and F6(F) film surfaces after protein adsorption, using BSA(1)
and HFg(2) as the proteins model. The areas displayed are 1 μm × 1
μm.
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